










linear dipole analysis to calculate the cross-correlation between
each taxon and the line. The use of the line, rather than the
mucosa itself, was necessary because of crypts and invaginations
in the mucosa that resulted in variable distances between the

epithelial border and microbial community, whereas the edge of
microbial colonization itself was relatively smooth. The results
confirmed the visual observation that R. torques is frequently,
although not universally, underrepresented in the microbial
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Fig. 5. Distinctive community organization in the 10 μm closest to the mucosa. The microbial community near the mucosal epithelium is abundantly
populated by B. cellulosilyticus, but R. torques is underrepresented in a narrow band close to the mucosa. The white boxed area in Inset shown in Upper Left
denotes the field shown at higher magnification in Upper Left and Lower Left. (Upper Left) A representative image near the mucosa showing all taxa and a
1-μm-thick line representing the edge of microbial colonization. (Upper Right) Pair cross-correlation (PCC) analysis showing the probability of detecting a cell
at each distance from the line, normalized to the density of cells in the image. Analysis was carried out using the method of linear dipoles as implemented in
DAIME (57). (Lower Left) The B. cellulosilyticus and R. torques channels are shown separately for clarity and to demonstrate the rarity of R. torques in the 5- to
10-μm zone at the edge of the microbe-dense region. (Lower Right) Results of PCC analysis depicted as the mean of all 11 images from two sections in which a
100 μm length and 40 μm width of mucosal border was visible. Confidence intervals of 95% are shown for these two bacterial strains.
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Fig. 6. Distinctive organization of microbes relative to one another. Abundance of each taxon was tabulated within 1,572 grid squares measuring 19 × 19 μm (cf.
individual squares in the heat map in Fig. 2) from a section hybridized with the species-specific probe set 1. Scatter plots of individual taxa show that the abundance of
B. cellulosilyticus and B. vulgatus are positively correlated (Upper Left) while the abundance of B. cellulosilyticus and R. torques are negatively correlated (Upper Right).
Scatter plots include only those grid squares that contain a high density of bacterial cells (at least 50% of the maximum density). An image of such a densely populated
region (Lower) shows that B. cellulosilyticus and B. vulgatus are abundant in the same region of the image, while the abundance of R. torques is highest where abundance
of the Bacteroides is low. These spatial relationships are consistent across mice, as demonstrated by analysis of both mice with the comprehensive probe set 3 (Fig. S4).
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community positioned in the 5- to 10-μm region closest to host
cells (Fig. 5).
Differences in the distribution of individual taxa relative to one

another were also evident at micrometer scales. Images were di-
vided into grid squares of 19 × 19 μm, and bacterial cells within
each grid square were tallied. Scatter plots comparing the abun-
dance of pairs of taxa within these grid squares showed a linear
regression with a positive slope (Fig. S3), likely reflecting the
presence of a mixed microbial community in regions of both high
and low microbial abundance. One possibility is that the primary
driver of correlations in abundances among taxa is simply the
overall abundance of bacterial cells in any given 19 × 19 μm grid
square. However, analyzing only “densely populated” grid squares
(defined as those containing at least half the maximum number of
bacterial cells) revealed differences in taxon distribution (Fig. 6
and Figs. S3 and S4). For example, abundance of the most
prominent taxon, B. cellulosilyticus, was positively correlated with
that of B. vulgatus but negatively correlated with R. torques.
Among the possible explanations for these observed distributional
differences are cooperative (attractive) versus competitive (re-
pulsive) interactions between taxa, or an indirect effect of binding
or proliferation of taxa in distinct microenvironments.
To further investigate factors underlying differences in taxon

density and distribution, we imaged the distribution of bacteria,
mucus, and food in additional cross-sections using the Eub338

bacterial probe in conjunction with WGA and a mouse colonic
mucin antibody (anti-MCM) to localize mucus (Fig. 7 and Figs.
S5 and S6). As before, bacteria were detected in high abundance
in regions of the lumen as well as close to the mucosa (Fig. 7 B
and C). WGA and anti-MCM showed similar staining patterns to
one another (Fig. S5), and a qualitative inspection of the images
revealed dense concentrations of mucus in regions corresponding
to areas of high bacterial density, as well as in goblet cells (Fig. 7
B and C and Fig. S6). Large autofluorescent particles, by con-
trast, generally occupied regions in which bacteria were not
abundant, although small autofluorescent particles were mixed
with mucus and bacteria even in regions of highest bacterial
density (Fig. 7D). These results are consistent with the notion
that dense concentrations of mucus support high bacterial den-
sity, both in the loose mucus layer at the mucosal border and in
the interior of the lumen.

Discussion
We investigated the spatial arrangement of members of a de-
fined artificial 15-member human gut microbiota in the proximal
colon of gnotobiotic mice at macroscale, mesoscale, and micro-
meter scale. At a macrolevel scale of hundreds of micrometers,
bacterial cell density was heterogeneous throughout the colon but
was highest in regions rich in mucus, both in a layer near the ep-
ithelium and in patches in the lumen. Compositional “patchiness”
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Fig. 7. Dense bacterial aggregations occupy regions rich in mucus. (A) Cross-section of colon highlighting location of panels shown at higher magnification
below. (B) Bacterial density (i) is heterogeneous in the lumen. Staining with fluorophore-labeled WGA (ii) shows high density of mucus in areas of the lumen
that contain abundant bacteria. Large autofluorescent food particles (iii) occupy areas of the lumen in which bacterial density is low. (iv) Overlay of i–iii.
(C) Bacterial density (i) is also high in a narrow zone located at the edge of the mucosa. WGA staining (ii) shows a high density of mucus in this zone.
Autofluorescent food particles (iii) are located within micrometers of the mucosa. (D) High-magnification views showing regions of the lumen with abundant
mucus (a), large food particles (b), and a large food particle pressed close to the mucosa (c). The cross-section shown is adjacent to the one presented in Fig. 2.
(Scale bars: A, 200 μm; B and C, 50 μm; D, 10 μm.)
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was observed at a mesoscale (tens of micrometers), while at mi-
crometer scales, each microhabitat was generally occupied by a
complex community of microbes intermingled with one another.
This extensive mixing at micrometer scales, the absence of large
microcolonies associated with the mucosa or food particles, and
the broad similarity of luminal and mucosa-adjacent communities
lead us to view the lumen and mucosa in the proximal colon not as
stratified compartments but as components of a partially mixed
bioreactor. By “bioreactor,” we mean an environment constructed
to harbor microbes and harness their metabolism of available
nutrients, where the degree of spatial homogenization of com-
munity members is a manifestation of a complex dynamic involving
many factors including flux of mucus and epithelial cells into the
lumen, the affinities of community members for these host con-
stituents and food particles, cooperative/competitive (attractive/
repulsive) interactions between microorganisms, and peristaltic
flow of bulk material through the lumen.
One might have expected a priori that differences between taxa

in their binding affinities for substrates such as mucus or food
particles, combined with more rapid replication in a preferred
microhabitat, would lead to localized clonal expansion. The
resulting communities would have spatial structure in the form of
microcolonies and a distinctive community composition within the
mucus layer compared with luminal contents. Instead, the spatial
distribution of both substrates and microbes suggests a dynamic
model for the proximal colon in which mixing and dispersal by host
factors tend to homogenize the community. Such mixing could also
explain why large clusters with strongly distinctive taxonomic
composition were not observed between the mucus layer and the
lumen. The turnover time for mucus is ∼6 h for mucus in goblet
cells and as little as a single hour for the inner mucus layer in the
distal colon (59). The replication time of two common gut sym-
bionts, B. thetaiotaomicron and Escherichia coli, has been estimated
at 3 h in the mucus layer and 3–8 h in colonic contents (29). Thus,
these and other gut bacterial taxa may carry out only a few rounds
of cell division within the mucus layer before being shed along with
mucus into the lumen. Adhesion to the epithelium could support
persistence of microbes for a longer time, but epithelial cells are
continuously discarded; with the exception of Paneth cells, the
other three mouse gut epithelial lineages turn over every 3–5 d
(60–64). Microbes in the lumen also have limited opportunity for
replication before being expelled, as the contents of the gut tra-
verse the mouse intestine in 4–6 h (65–67). We hypothesize that
through rapid turnover and mixing of the mucus layer, the epi-
thelium, and the gut contents as a whole, the mammalian host acts
to diminish the ability of the microbiota to establish spatially
segregated communities or sizeable single-taxon agglomerations
both in the lumen and adjacent to the mucosa. Whether the
physiology of the microbes themselves also fosters mixing is a
question raised by the extensive micrometer-scale taxonomic
intermingling in densely populated mucus-rich regions of our im-
ages. The bacteria comprising the artificial human gut microbiota
characterized in this study are nonflagellated. Diffusion is unlikely
to be a significant force within the viscous gel of the mucus layer
(29), although there is little information about how foraging of
mucus glycans by resident microbes affects mucus viscosity. Re-
gardless of the means by which mixing is achieved, its effect is to
diminish micrometer-scale spatial structure in the community.
The microbial assemblage we employed was simple enough so

most of the abundant taxa could be simultaneously visualized with
multilabel FISH and complex enough to permit a variety of pos-
sible taxon–taxon interactions and spatial distributions. Inevitably,
our findings are dictated by the microbes that we chose to create
this synthetic community. We do not know whether the consor-
tium of 15 taxa studied display a spatial organization that is rep-
resentative of the native mouse gut microbiota. It is possible that
this low diversity consortium of human gut-derived bacterial
strains is less likely to form spatially structured communities than

the native mouse gut microbiota. Moreover, members of a more
complex community of human gut microbes, representing lineages
from Bacteria and other domains of life (e.g., methanogenic
archaeons and eukaryotes) could demonstrate more pronounced
differences in their replication rates and stronger spatial associa-
tions with one another or with food particles, host cells, mucus, or
other features of the gut habitat.
The observed spatial arrangement differs dramatically from the

highly ordered and more clustered arrangements visible in human
dental plaque (68). These dissimilarities could reflect a number of
factors including differences in flow rates in the two ecosystems
and the absence of a surface in the gut to which microbes can
stably adhere. In the mouth, continuous rapid flow of saliva en-
sures that adherence to a surface, either directly or indirectly via
binding to other adherent microbes, is critical for remaining in the
habitat. Further, chemical communication in salivary flow is most
effective at distances on the order of micrometers (1) so precise
positioning relative to metabolic partners is critical.
Deeper understanding of spatial relationships in the gut should

be gained as methods are developed for quantifying the distribu-
tion of nutrients and metabolic products over different spatial
scales. Gnotobiotic animal models harboring defined consortia of
microbes and fed diets of known composition and physical (e.g.,
particulate) properties represent a starting point for these types of
studies. For example, follow-up experiments in which gnotobiotic
mice are fed purified dietary fibers of defined composition and size
could provide an opportunity to identify taxa that exhibit re-
producible patterns of cooccurrence or spatial association with the
population of food particles represented in their colons. In addi-
tion, the relative effects of propulsive contractions, nonpropulsive
mixing, and/or the rate of renewal of the mucus layer can be ex-
plored using gnotobiotic animals with mutations that affect their
gut motility and/or the composition of their mucus (e.g., ref. 67).
These genetic manipulations can also be applied to gnotobiotic
zebrafish where the transparency of the organism can support in
vivo imaging of microbial communities (69, 70). This latter feature
avoids a potentially confounding variable; namely, that mesoscale
and microscale spatial structure may be disrupted in unknown ways
during the processing of gut tissues taken from euthanized animals.
The resulting datasets should enable modeling both in silico and in
ex vivo experimental bioreactors, including “gut-on-a-chip” sys-
tems (71). Together, these efforts should provide information
about forces that promote or retard mixing at microscale levels.
Put another way, studies of microscale mixing provide an oppor-
tunity to determine how this parameter is related to the niches
(“jobs”) of community members (both symbionts and pathogens),
the expressed functional properties of a microbiota (including its
resiliency to perturbations), and whether changes in this spatial
feature are a reflection of, or causally related to, various types
of dysbioses.

Materials and Methods
Collection of Samples from Gnotobiotic Mice and Preparation for Imaging. All
experiments involving mice were performed using protocols approved by the
Animal Studies Committee of the Washington University School of Medicine.
Two 8-wk-old, male, germ-free C57BL/6J micewere gavagedwith a 15-member
bacterial consortium prepared and administered using procedures described in
earlier reports (4, 54), and then maintained in a gnotobiotic isolator under a
strict light cycle (lights on at 0600 hours and off at 1800 hours). Two additional
mice were gavaged with a two-member bacterial community composed of
B. thetaioatomicron VPI-5482 and E. rectale ATCC 33656, and two control mice
were maintained as germ-free. All animals were fed a sterilized, low-fat, plant
polysaccharide-rich chow (Product 7378000; B&K Universal) ad libitum. All mice
were killed 14 d after gavage of their bacterial consortium.

Thedistal fourth of the small intestine and theproximal thirdof the colonwere
snap-frozen in optimal cutting temperature compound and stored at −80 °C.
These frozen segments were cut into 5- to 10-mm-long pieces, and molten
0.5% agarose was pipetted onto the two cut ends of each piece. Samples were
then fixed in 2% paraformaldehyde in PBS for 12 h at 4 °C, then washed,
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resubmerged in molten 0.5% agarose, dehydrated in acetone for 1 h, infil-
trated with Technovit 8100 glycol methacrylate resin with several changes over
12 h at 4 °C, and were then transferred to embedding solution where they
were allowed to solidify for 12 h at 4 °C. Embedded samples were sectioned
with a Sorvall JB-4 microtome (Dupont Instruments) to 5–10 μm thickness
and subjected to fluorescent labeling experiments. We employed para-
formaldehyde rather than Carnoy’s fixative because paraformaldehyde is
commonly used for microbial FISH (72, 73). Moreover, our direct comparison of
the two methods revealed similar preservation of mucus and other spatial
landmarks in methacrylate-embedded colonic segments fixed with either
Carnoy’s solution or paraformaldehyde (74).

Probe Design. Candidate probes identified using the “probe design” function
of the ARB software package (75) were further analyzed by calculating the
overall free energy of hybridization (ΔG0

overall; ref. 76) for each. A set of 16S
rRNA-directed oligonucleotides was selected that were predicted to be
taxon-specific at the same hybridization stringency (arbitrarily chosen to be
20% formamide). Probes were synthesized (Invitrogen) with a 5′ fluo-
rophore and their specificity evaluated by hybridization to pure cultures of
target and nontarget bacterial strains.

FISH Analysis of Colonic Sections. FISH was carried out at 46 °C for 6 h in 0.9 M
NaCl, 0.02 M Tris pH 7.5, 0.01% SDS, 20% HiDi formamide (Applied Bio-
systems), and 2 μM of each probe. Sections were then washed twice for
10 min each at 48 °C in wash buffer (0.215 M NaCl, 0.02 M Tris pH 7.5, 5 mM
EDTA), incubated in DAPI in PBS at room temperature for 15 min in the dark,
washed in PBS, dehydrated through a series of ethanol washes [3 min each
in 50%, 80%, and 96% (vol/vol) ethanol], mounted in ProLong Gold antifade
reagent (catalog no. P36934; Invitrogen) with a No. 1.5 coverslip, and placed
in the dark at room temperature for at least 24 h before imaging. FISH on
pure cultures was carried out in the same way, but without DAPI staining.

Lectin and Mucin Staining. Labeling of methacrylate sections with WGA was
carried out after the FISH hybridization and washing steps. Slides were in-
cubated in 40 μg/mL WGA conjugated to Alexa Fluor 488 (catalog no.

W11261; Invitrogen) in PBS at room temperature for 15 min in the dark.
Slides were washed briefly in PBS, dipped in distilled H2O, dehydrated
through a series of ethanol washes and mounted as above. Slides to be la-
beled with anti-mouse colonic mucin (anti-MCM, a gift of Dr. Ingrid B. Renes,
Erasmus MC-Josephine Nefkens Institute, Rotterdam, The Netherlands) were
treated with blocking buffer (2% goat serum; 1% BSA; 0.2% Triton X-100;
0.05% Tween 20) for 1 h at room temperature, incubated with anti-MCM
diluted 1:50 in blocking buffer for 12 h at 4 °C, rinsed three times for 3 min
each in PBS, incubated with blocking buffer at room temperature for 1 h,
incubated with a 1:1,000 dilution of Alexa Fluor 633 goat anti-rabbit IgG
(catalog no. A21070; Invitrogen) in blocking buffer for 1 h, rinsed three
times for 3 min each in PBS, incubated with WGA, washed, and mounted
as above.

Image Acquisition and Linear Unmixing. Spectral image stacks were acquired
using a Zeiss LSM 710 confocal microscope equipped with a QUASAR spectral
detector and a Plan-Apochromat 63×, 1.4 N.A. objective lens or a Zeiss LSM
780 confocal microscope equipped with a GaAsP spectral detector and a
Plan-Apochromat 40×, 1.4 N.A. objective. Excitation wavelengths of 633 nm,
594 nm, 561 nm, 514 nm, 488 nm, and 405 nm were employed sequentially.
Linear unmixing was carried out using ZEN software (Carl Zeiss) or using a
custom algorithm on the Mathematica platform (Wolfram Research) using
the concatenated reference spectra shown in Fig. S1. Details of the unmixing
procedure and figure preparation are given in SI Materials and Methods.

Spatial Arrangement Analysis. Images of each taxon were segmented in FIJI
using the IsoData or RenyiEntropy global thresholding algorithm (77) and
were then imported into DAIME version 2.1 for analysis of spatial arrange-
ment using linear dipoles.
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